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Lab 4: Drosophila NMJ intracellular recordings
I. Introduction to Drosophila neuromuscular junction
II. Optogenetic stimulation
III. Intracellular recording technique
IV. Larval dissection
V. Lab 4.1: Observe behaviors and practice dissections
VI. Lab 4.2: Intracellular recordings and experiments
VII. Lab report guidelines
In Lab 4, you will record the postsynaptic potentials in Drosophila larval muscles while you stimulate
the motor neurons using optogenetic techniques. This will be the first time you will use glass
microelectrodes, which can take some time to get used to preparing, checking, and positioning.
Another challenge will be doing the dissections of the fly larvae, but we will help you with this, so this
should not limit your ability to do the lab. You will get frustrated at first, but we hope everyone will be
able to record from the muscle eventually, which is why you are getting two weeks to work on this lab.
This teaching lab was developed by Stefan Pulver and Bruce Johnson (Pulver et al., 2011), though
we have made modifications to work with our equipment. This is the first time we have done this
lab in MCB 160L, so we are not sure how long it will take. We have provided suggestions for more
advanced experiments, so if you have done the basics and still have time, please do try some of the
other experiments. We expect you to work on this for all four lab periods. If the class is not able to
get through all of the experiments, we will modify the lab report requirements. As always, if you have
suggestions for improving this lab, please let your GSIs or Robin know.

I. Introduction to the Drosophila neuromuscular junction
Drosophila melanogaster has been studied for over 100 years and has yielded important biological
breakthroughs such as sex-linked inheritance, understanding the genetic basis of the circadian clock
and learning and memory, cloning of the first potassium channel, discovery of the homeotic genes
that regulate development of the body plan and fundamental signaling pathways such as Notch
and Hedgehog. (Whenever you come across a weird gene name (like Hedgehog) it was likely first
discovered in a fruit fly mutant).
What makes Drosophila such a great model organism? The generation time is short (Fig 4.1) and
they are easy to maintain in small vials filled with fly food (a mix of yeast, cornmeal and sugars).
Flies start as embryos and then go through three larval stages, spending most of their time eating.
At the end of the third instar larval stage, the larvae climb out of the food onto the walls of the vials
and pupate. Inside the pupal case, the adult develops and eventually ecloses (i.e. hatches out of the
case). There are male and female adult fruit flies that mate to make the next generation.
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Drosophila is also a good model organism, because it is easy to genetically manipulate. The
genome consists of 4 chromosomes (X or Y chromosome and 3 autosomes) and the genome was
sequenced in 2000. It is relatively straightforward to generate mutants in Drosophila either through
mutagenesis or using transposons (that hop into the gene and disrupt its function). It is also easy to
make transgenic fly lines, which we will be using in this lab. In addition, the community of Drosophila
researchers are happy to share fly stocks and supplies that have been published.
Fruit fly adults have a brain with multiple substructures and a ventral nerve cord, which is analogous
to the spinal cord. It is estimated that the fruit fly brain contains about 135,000 neurons, which is
considerably more simple and easier to study than the human brain.
Figure 4.1 Drosophila life cycle. The days are
how long it takes for each transition at 25C.
The total life cycle is about 12 days.

The larval neuromuscular junction (NMJ) has been studied extensively, because it is relatively easy
to access, it shows synaptic plasticity, and it is glutamatergic, like the majority of excitatory synapses
in the mammalian brain. The glutamate receptors in the muscle are similar to AMPA receptors and
a lot of the proteins involved in synaptic transmission are homologous to the mammalian proteins.
When glutamate is released onto the muscle, the glutamate receptors let Na+ and Ca+2 into the
muscle, causing a postsynaptic potential, which we call the excitatory junctional potential (EJP).
Drosophila muscles do not have action potentials, so the EJP directly causes muscle contraction.
The cell bodies of the motor neurons are located in the larval ventral nerve cord and the motor neuron
axons project out to the body wall muscles that help the larvae crawl (Fig 4.2). Unlike mammals,
one muscle can receive input from 1-3 different motor neurons, and a single motor neuron can make
synapses onto multiple muscles. The body wall muscles are organized into segments that repeat
along the anterior-posterior axis. One great thing about the larval NMJ is that every larva has the
same set of muscles in the same order, so it is easy to always record from the same muscle and get
consistent results (Fig 4.9).
As larvae grow from the 1st to 3rd instar stage, their body wall muscles grow 100x in size, so the
motor neurons have to grow more synaptic endings and release more neurotransmitter onto the
muscle. This gives researchers a good opportunity to study synaptic development, homeostasis
and plasticity. Synaptic plasticity is when a synapse changes its signaling behavior based on
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“experience”, such as a previous pattern of activity. If we have time, you can investigate synaptic
plasticity that occurs on a short time scale (as opposed to during development), such as when a
motor neuron is stimulated at a high frequency. There will be more information about this in the
procedures section.
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Ventral nerve cord

Figure 4.2 (A) Drosophila larva, dorsal view, anterior is at the top of image. The cuticle is
transparent, so all the white stuff in the middle of the larva is the intestines. (B) Cartoon depiction
of a larva showing the brain, ventral nerve cord, and body wall muscles. Notice the segments
of the muscles. (C) Larva dissected open, so you can see the two lobes of the brain, the ventral
nerve cord, motor neuron axons and body wall muscles (in green). Again, notice the repeating
pattern of muscles in each segment. (Image from Zach Newman in the Isacoff Lab)

II. Optogenetic stimulation
Much of what we know about the larval NMJ was discovered by doing electrophysiological recordings
from the muscle, while stimulating the motor neurons with an electrode. This is a challenging
technique, because it involves precise positioning of two (or sometimes three) microelectrodes. New
innovations now allow us to stimulate the motor neurons using light, rather than electric current. This
is known as optogenetics.
A number of simple organisms respond to light using light-activated ion channels and pumps. For
example, in 2002 a light-activated cation channel was discovered in algae that helps algal cells
move towards the light (Nagel et al., 2002, Science). Researchers were quick to realize that these
channels could be cloned and introduced into neurons in animals, so they could be controlled with
light rather than with electric currents (Boyden et al., 2005, Nat. Neurosci.). This ushered in the era
of optogenetics, where researchers express a diverse set of light-activated channels and pumps to
either activate or inhibit specific neurons (or muscles) in animals. Using optogenetics, we can study
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which neurons and circuits are necessary and sufficient for controlling specific behaviors.
Electrical stimulation of neurons is still a useful technique in neuroscience (as we saw in the
earthworm lab), but optical control has a few advantages:
1. It is potentially less invasive. Some organisms are transparent (zebrafish, C. elegans, Drosophila
larvae), so light can go straight to the neurons. In mice, a small optical fiber needs to be transplanted
into their brains, but mice can easily recover from this procedure. Electrical stimulation is often
intracellular, so an electrode is stuck into the cell. This damages and alters the cell. Light stimulation
avoids this problem. When optogenetics is coupled with calcium-sensitive fluorescent dyes or
proteins, the entire experiment (stimulation and response) can be done using optics, without
physically perturbing the cells.
2. Spatial control. The genes for the light-activated proteins are cloned into animals using standard
genetic techniques. Using cell-specific promoters, the genes can be expressed in just a subset of
cells, so light will only control those specific cells. This way you can determine exactly which cells are
controlling specific behaviors.
3. Dual control. Since the discovery of the first light-activated channel, other light-activated proteins
have been discovered or modified, so they can be activated with different wavelengths of light,
and can either depolarize or hyperpolarize the cell. For example, Channelrhodopsin-2 is a cation
channel that opens with blue light stimulation (Fig 4.3), while Halorhodopsin is a chloride pump that is
stimulated with yellow light. These can be cloned into the same neuron, so blue light will cause action
potentials (via Channelrhodopsin) and yellow light will inhibit action potentials (via Halorhodopsin).
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Figure 4.3 (A) All-trans retinal binds channelrhodopsin. Blue light causes it to
isomerize into 13-cis retinal. (B) When retinal changes shape, it causes channelrhodopsin to open and allow Na+ into the cell.
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We will be using flies that express a Channelrhodopsin varient called ChIEF in the larval motor
neurons. ChIEF is a chimera of Channelrhodpsin-1 and -2.
The first two light-activated channels cloned were Channelrhodopsin-1 and -2 (ChR1 and ChR2)
from algae. These are both 7 transmembrane domain proteins, similar to rhodopsin. You might have
learned before that rhodopsin and other 7 transmembrane proteins are G-protein coupled receptors
and not ion channels. Channelrhodopsins are different, because they form dimers that act as cation
channels. They bind all-trans retinal, which absorbs blue light and becomes 13-cis retinal (Fig 4.3A).
This change in retinal causes the channel to open, depolarizing the cell (Fig 4.3B). Note that all-trans
retinal has to be added to the fly food, because fruit flies don’t make enough on their own.
ChR1 is not used much for neuroscience research, because it is most permeable to H+, but cannot
depolarize a neuron under neutral pH conditions. ChR2 has been the optogenetic tool of choice,
because it can rapidly and reliably cause action potentials in neurons when it is activated by blue
light. One problem with ChR2, though, is that it inactivates when driven at high frequency stimulation
(like 30 Hz). ChR1 does not inactivate as much, so it can be reliably activated at high frequency.
Researchers created a chimera between ChR1 and ChR2, so the pore comes from ChR2 (it is not H+
permeable), but the reduced inactivation is retained from ChR1. This variant is known as ChIEF and it
has the most consistent responses to high frequency or prolonged activation (Lin et al., 2009, Biophys
J). We will use larvae that express ChIEF in their motor neurons, so you will need to use blue light to
activate these neurons. Drosophila larvae are transparent, so the blue light can penetrate through the
cuticle to the nervous system.

III. Intracellular recording technique
Extracellular electrophysiological recording is usually done with the aid of a pair of silver or platinum
wires placed on the external surface of tissue, or connected by means of a Ringer-filled pipette
attached to a nerve by suction. While useful for many problems in neurophysiology, this method
cannot provide quantitative information about the electrical behavior of cell membranes and
about integrative events within single nerve and muscle cells. Perhaps the single most important
development in electrophysiological technique was the introduction by Ling and Gerard in 1949 of
the glass capillary microelectrode. This innovation has permitted the recording of transmembrane
potentials with a minimum of cellular injury in all but the smallest cells, and has made possible
great advances in our understanding of excitable membranes at the cellular level and of neural
mechanisms on higher levels of organization. Although still used extensively, microelectrode
recording has been replaced to some extent by patch electrode recording, but this technique is
substantially more difficult and will not be used here.
Microelectrodes
A glass capillary microelectrode is made from 1-2 mm diameter hard glass tubing. The tubing is
heat-softened and pulled so as to taper to a tip having an outside diameter as small as a few tenths
of a micron. The lumen of the electrode is filled with an electrolyte solution, typically 3 M KCl. This
electrolyte is chosen because of the similarity in mobilities of cation and anion. The concentration is
not quite at saturation. A silver-silver chloride pellet (or wire) is used to make nonpolarizable contact
with the electrolyte solution and lead the signals into the amplifier. A similar pellet immersed in the
bath serves as a reference electrode. By filling the electrode holder with recording solution (a saline
solution that mimics larval extracellular fluid), both Ag-AgCl pellets contact similar solutions and
have similar liquid-metal junction potentials that are easily canceled out by the Position control of the
microelectrode amplifier. See Figure 4.4 for a labeled diagram of a microelectrode.
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Figure 4.4 Glass microelectrode in electrode holder. The glass microelectrodes will be
provided already filled with KCl. You will need to fill the holder with recording solution
through the side port and then place the electrode in the holder (the bottom of the holder
is a screw that tightens the electrode into the holder. The electrode holder slides into the
metal piece that is attached to the manipulator.

The electrodes are created by a machine. A coil heats the capillary to melting and a weight or
solenoid pulls the tubing until it breaks into two fine-tipped micropipettes. After they have been
“pulled”, the electrodes are filled with KCl solution by injection through the back using a fine needle.
This is not as easy as it sounds. The resistance of individual electrodes must be measured and the
puller carefully and repeatedly adjusted until satisfactory electrodes are produced. Since the heating
coil changes with use, electrodes must be continually monitored and the puller re-adjusted. To allow
more time for biological experiments, we do not ask you to pull and fill your own electrodes. Instead,
they will be supplied by the staff, but it is not an unlimited source, so be careful with the electrodes
(they will break, but try to limit that as much as possible).
Electrodes are routinely checked during an experiment by measuring their electrical resistance. The
resistance is determined largely by the size of the opening at the tip, and is the major parameter
determining the microelectrode’s function. A broken electrode, which will damage cells will have a low
resistance. A clogged electrode will not record potentials accurately, and will have a high resistance.
The resistance of electrodes is computed by injecting 1 nA of current into the microelectrode
connected to the input of the amplifier, and using Ohm’s law (voltage = current x resistance) to
calculate the resistance. In applying this formula, remember to divide the recorded voltage on the
oscilloscope by 10 to reflect the gain of the amplifier. The electrodes we use for recordings from fly
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muscles should be between 10-20 megaohms (MΩ).
Microelectrode amplifier
We will be using a different amplifier for this lab that is specialized for use with microelectrodes (it’s
called a Getting amplifier after the manufacturer). There are several major electrical problems that
must be overcome in order to successfully use microelectrodes. First, the tip resistances are high.
Therefore, the amplifier must have an input impedance of at least 20,000 megohms (100 times
higher than the highest tip resistance used), or else it will draw current from the electrode, resulting in
attenuated signals and unwanted depolarization of the cell. Second, the extremely thin glass wall of
the microelectrode tip creates a significant capacitance between the interior of the electrode and the
external solution. This capacitance in combination with the required high resistance of the electrode,
limits the high-frequency response of the recording arrangement. The attenuation of high-frequency
signals distorts any waveform having fast components in the attenuated range.
Various techniques are used to overcome the above difficulties. For many -- indeed, most -applications, however, you need not acquire a detailed understanding of the principles which underlie
the operation of these amplifiers. It is essential, however, to make sure you know how the Getting
amplifier influences the signals that are recorded by the microelectrode.
Filter: As you learned in Lab 1, filtering can distort the signal. For the muscle experiments, we are
interested only in moderately slowly varying signals, so we may minimize noise without loss of signal
by choosing the 1 kHz setting.
Electrode Check: Check the resistance of your resistor by pushing the Electrode Check button,
usually labeled “El.Ck.” This injects 1 nA of current into the electrode, as mentioned earlier, so you
can determine the resistance by measuring the voltage change on the oscilloscope. This amplifier
multiplies the output by 10, so the signals on the oscilloscope need to be divided by 10.
Whenever you use a microelectrode for recording bioelectric phenomena, it is necessary to check its
condition by measuring its resistance first, using the Electrode Check button. If you use the electrode
for a recording, check resistance again afterwards to see if you can use it again for another recording.
Capacitance compensation: This is a feedback system to help compensate for the capacitance
between the interior and exterior of the electrode. It can be adjusted quickly by “squaring up” the
voltage steps by increasing “CapComp” to just below where the trace starts to thicken (get noisy), and
well below it oscillates at very high frequency. You can do this when you create the voltage step with
electrode check.

IV. Larval dissection
The larva will need to be dissected open to expose the body wall muscles, so you can stick the
microelectrode into the muscle. Everyone can learn this dissection eventually, but some people get
it faster than others. You will all practice the dissection during the first lab period and you may find
that one student in your group is pretty good at it, so they will be the main dissector for the other lab
periods. If no one in your group gets the hang of it, then we will provide you dissections to work with.
You should always try one first on your own before asking an instructor for a dissection.
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Materials for dissection
Two Forceps - Look at the tips under the microscope. One will likely have sharper tips, so this will
be your better pair. Also look to see if the two tips meet at the end. If they don’t, then this pair will be
harder to use for grabbing tissue (but still good for grabbing pins). These forceps are very delicate
instruments. Try not to touch them against anything hard and do not drop them.
Dissection scissors - Again, be careful with these. They are expensive and hard to replace.
Dissection pad - This is a petri dish filled with a rubbery substance called Sylgard. There should be
pins already stuck into the pad. Look at the pins under the microscope and pick out six sharp ones
that you will use for the dissection. Move these pins to the center of the pad. Note that the pins are
usually sharp on one end and blunt on the other end. Always use sharp pins.
Drosophila Ringer’s solution - This is a saline solution that is similar to the hemolymph solution that
surrounds the larval organs. You will do the dissection and recording in this solution. (The exact
solution is called HL3.1 and contains 0.8 mM Ca+2).
A waste container to put old solution into. This can be emptied into the sink at the end of the day.
Pipettes for the Ringer’s solution and one for removing solution from the dissection into the waste.
A kimwipe or paper towel nearby to wipe larval bits off of the forceps.
Dissection
Before you start, make sure you have read the procedures completely, looked at Figure 4.6 and
watched the instructional video. The video was made by another lab and is available here: https://
www.youtube.com/watch?v=TrcnSOKaH1I&t=44s Watch this video before coming to Lab 4.1.
1. Start with a clean work area. Lay your forceps and scissors next to the microscope. Focus the
microscope onto the dissection pad. Adjust your chair, so you have a straight back while you look
through the microscope. Elbows should rest on the lab bench to help stabilize your hands.
2. Get one of the fly vials. The vials do not have adult flies in them (we removed
the adults already). Look at the wall of the vial and you will likely see larvae
crawling around. There may also be pupae, which you can identify because they
are a darker color than the larvae and they do not move (Fig 4.5).
These larvae should all be expressing ChIEF in their motor neurons. Figure
4.5 shows you what a typical vial will look like. The fly food is at the bottom and
contains sugar and other nutrients that the larvae eat as they grow. The food
also has all-trans retinal in it, which is light sensitive, so we have kept all these
vials in the dark.
Take a larva out of the vial using forceps or a paint brush and transfer it to the
dissection pad into a drop of dissection solution.

Figure 4.5
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3. Look through the microscope at low magnification and locate the larva in the liquid. It might be
moving around a lot. You can determine which end is the head by looking for the mouth hooks (Fig
4.6A). Make sure you have 6 pins nearby and in view.
If the larva was covered in food, some of that food might be in your drop of dissection solution. If it
looks dirty, then use the pipettes to take off the old solution and replace it with some fresh solution.
4. Grab a pin in the forceps in your dominant hand. With your other forceps, try to position the larvae,
so the tracheae (the two white stripes) are pointing toward you. We use the tracheae as a reference,
because they are on the dorsal side of the larva, opposite the brain.
Quickly put the pin through the head of the larva and into the Sylgard below.
5. Grab another pin and use your other forceps to grab the tail of the larva. Stretch out the larva a bit
(not too much or it will rip!) and put the second pin into the tail between the two tracheae (Fig 4.6B).
6. Grab the scissors with your dominant hand and make a small incision near the tail between the two
tracheae. Use your other hand to steady the cutting hand.
7. Put one blade of the scissors into the hole you just made and cut the cuticle from the tail to the head
pin, keeping the cut in between the two tracheae (Fig 4.6C). Keep the scissor blades angled up, away
from the larva, because this will help you cut only the cuticle and not all the tissue below it. You can
make several small cuts in order to cut the entire length of the larva.
The larva is filled with an extracellular fluid called hemolymph. When you cut open the cuticle and
hemolymph and some guts spill out.
8. The cut has created two flaps on either side that need to be opened up and pinned into the Sylgard.
You can start with either flap. Rotate the larva 90 degrees, so the head is pointing to your right or left.
You will be opening up the flap that is now the furthest away from you (i.e. if you rotate the larva so the
head is on the left, then you will be pinning open the right flap as shown in Fig 4.6 D). Then grab a pin
with your good hand and use your other hand to pull open the flap starting near the tail (pin #3 in Fig
4.6D). Put the pin through the flap and into the Sylgard.
Now open up that same flap towards the head and put in pin #4. Your dissection should look
something like Fig 4.6D now. Pin #4 should be pushed pretty far into the Sylgard, so it doesn’t interfere
with your electrode placement.
9. Now rotate the larva 180 degrees, so the head is facing the other way. Open up the other flap and
put in pins #5 and 6 (Fig 4.6E). Pin #6 should also be pushed pretty far into the Sylgard.
10. Now would be a good time to wash the larva, so it’s easier to see what you’re doing, so suck off
the old fluid and replace it with fresh dissection solution.
11. The muscles and brain are below all that tissue you are seeing, which is mostly fat, the tracheae,
and the intestines. Starting near the tail, use your best forceps to grab both tracheae and the intestines
(but not the muscles underneath) and slowly start pulling the tissue towards the head. If it looks like
you are ripping muscles, then stop and readjust your forceps, so you are only grabbing the loose
tissue. Continue to pull the intestines and tracheae up toward the head.
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Figure 4.6 (A) Place a larva dorsal side up, which you can find by looking for the two tracheae.
(B) Place a pin in the head (near the mouth hooks) and one in the tail.
(C) Make a small cut near the tail in between the two tracheae. Then cut the cuticle anteriorly from that hole to
the head pin, staying in between the two tracheae. Be careful not to cut the tissue below.
(D) The cut you just made has created to side flaps. Open up one of the flaps and pin it down.
(E) Open up the other flap and pin it down. You should now see all the intestines, fat and trachea. The muscles
and nervous system are under that.
(F) Starting from the tail end, grab the tracheae and intestines and pull them up towards the head. You should
be able to see the brain underneath. Pull the tracheae and intestines off, leaving the brain behind.

72

Laboratory 4.1
12. Try to find the brain under all the tissue you have moved aside. Make sure you are not also
grabbing the brain. Pull the intestines and tracheae off of the larva, while keeping the brain and
muscles behind. You can remove the tissue out of the solution and wipe it on the kimwipe.
There is probably some loose tissue left behind in the larva, so use your best forceps to carefully
remove it without damaging the muscles. How do you know if the muscles are damaged? If they are
opaque and white, then they are damaged. They should be transparent.
13. You might be seeing the muscles contract in waves down the larva. In some experiments, you can
try to record the spontaneous activity in the muscles with the brain attached. In other experiments,
you will want to remove the brain, so let’s go through how to do that.
Position the larva, so the head is facing your dominant hand. Hold the scissors in your dominant hand
and good forceps in your other hand. Grab the brain with the forceps and gently pull it away from the
larva, while you cut the motor neurons one segment at a time from anterior to posterior.
14. Wash the larva one more time with fresh recording solution. The larva should be in solution about
the size of a quarter when doing your recordings.
15. Carefully clean the forceps and scissors with ethanol and a kimwipe when you are done.

V. Lab 4.1: Observe behaviors and practice dissections
In the first lab period, you will practice loading microelectrodes, checking electrode resistance,
practice the dissection and observe the behavior of larvae when they are stimulated with blue light.
Split up the work, so one group member is doing the dissection, while another one is learning how to
check electrode resistance and the third is quantifying the larval behavior. Rotate jobs, so everyone
gets a chance to do the dissection and work with the electrodes. You may find that one person is
better at the dissections, so in the future they can do those for your group.
We have already gone over how to do the dissection, so just practice that on your own and show your
GSI when you are done. Your GSI will give you advice on how to improve your dissections.
A. Quantifying larval behavior
For this experiment, we will have larvae that express ChIEF in motor neurons that were grown on
food with all-trans retinal, as well as controls that also express ChIEF, but they were grown on regular
fly food without retinal.
Take some control larvae and place them in a petri dish (without Sylgard). Place the petri dish in
the Faraday cage and focus the microscope on the dish. You do not need to use the illuminator for
this. You should see an optical fiber on one of the manipulators. Move the tip of the fiber close to the
larvae. Look for the LED Driver box on the lab bench near the stimulator. Flip the switch from TRIG to
CW to turn on the blue light.
Keep your eyes on the larvae (through the microscope) while you turn the blue light on and off. Is
there any behavior caused by the light in the control larvae?
Repeat this experiment using the larvae grown on retinal food. Describe the behavior triggered by the
blue light. Does the behavior make sense given where ChIEF is expressed?
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A. Results for lab report (notes in lab notebook)
Quantify the behavior somehow. Try to devise something that you can actually measure that is
related to the behavior. Measure this for 10 control larvae and 10 experimental larvae (grown on
retinal food).
Make a table and graph of your results in your lab notebook. You will also include this data in your lab
report.
Loading electrodes and checking electrode resistance
1. Put a big drop of dissection solution in a petri dish and place under the scope on the air table.
Make sure you can see the drop through the microscope (you can turn on the illuminator for this). It’s
a good idea to stabilize the preparation chamber by pushing a small wad of clay or wax against each
side of the dish at the bottom where it makes contact with the table.
2. Insert the reference electrode (Ag-AgCl pellet) into the back of the bath (i.e. the drop of solution)
secured with some clay or wax, and connect the other end to ground on the amplifier headstage.
3. Position the microelectrode manipulator, so it is centered on all axes, except along the electrode
axis, which should be as far back as possible.
4. Pull the microelectrode holder off the manipulator and attach the short tube from a Ringer-filled
syringe to the side port (Fig 4.7A).
5. Fill the holder with fluid while holding it with the front end upward and over the waste container.
Watch out for an air bubble trapped against the Ag-AgCl pellet. If one is present, you can usually
knock it off by flicking the holder with a snapped finger or putting in more solution.
6. Loosen the electrode holder cap (the screw at the end), but do not remove it. Insert a filled (3M
KCl) microelectrode pulled from 1.2-mm diameter glass tubing into the holder down to the stop just
before the side port, gently tighten the cap, and remove the syringe and tube.
7. Put the holder back on the manipulator and position the tip of the electrode in the drop of solution,
with reference electrode inserted (Fig 4.7B). Find the signal on the oscilloscope using the position
knob on the oscilloscope and the position knob on the microelectrode amplifier.
Helpful hint: Locate the AC/GND/DC switch in the Ch 1 section of the oscilloscope. Switch to GND
(ground) and zero the trace using the position knob on the oscilloscope. Now switch back to DC and
use the position knob on the amplifier to bring the signal back to zero on the screen.
8. Check the electrode resistance by pressing the electrode check button on the amplifier. Remember
that this injects 1 nA of current and you need to use Ohm’s law to determine the resistance. Set the
oscilloscope to 0.1 V/DIV.
If the resistance is less than 2 MΩ the electrode is broken and should be replaced.
More than 50 MΩ means there is a bubble in the electrode holder insulating the Ag-AgCl pellet from
the fluid. In that case, remove the electrode and flush the holder with Ringer making certain that a
bubble does not block the contact of fluid with the Ag-AgCl pellet.
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Small bubbles inside the electrode are not a problem because evaporation of salt solution leaves
a conductive film of salt solution on the inside of the electrode glass, especially along a groove
inside the capillary which contains a thin glass filament fused to one side of the inner surface. If the
resistance is still high, try breaking the electrode tip (it will no longer be usable) and the resistance
should drop. If it does not, something else is wrong – seek help.
Always make sure that the back of the electrode holder and the brass pin are dry before placing it
in the steel electrode-holder holder. If you cannot balance the junction potential and zero the trace
on the oscilloscope, fluid may be leaking out the back of the electrode holder if the pin jack is not
screwed tightly into the holder – again seek help.
Observe the noise level on the oscilloscope. If you see 60 Hz noise (“hum”) greater than 10 mV on
the scope (1 mV at the amplifier input), something is wrong. Check that the oscilloscope and amplifier
grounds are connected, that the bath is grounded to one point on the amplifier or oscilloscope, that
the metal plate and Faraday cage are grounded (for this you will need an ohmmeter), that all leads
and amplifier head stage are pushed back from the front of the Faraday cage, and finally try changing
the way any stimulators and bath are grounded. If the hum won’t go away, consult an instructor before
proceeding.
9. Finally adjust Cap. Comp. to well below the point of oscillation or increase in noise.
10. Dispose of old and broken electrodes in the jar on the side of the air table that says “glass/
electrode waste”.
In the future, you should get an electrode ready with good resistance while the dissection is being
completed, so you will be ready to start recording.
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Figure 4.7 (A) Recording equipment. Note the electrode filler is a syringe that you can use to suck solution
into and then fill the electrode holder through the side port. (B) Checking electrode resistance, the reference
electrode and microelectrode need to be in the same solution. The optical fiber is on the left and will be used to
shine blue light on the larva.

75

Laboratory 4.2

VI. Lab 4.2: Intracellular recordings and experiments
For the next three lab periods you will try to complete the following experiments. Finish as many as
you can. We may ask some groups to share their data with other groups.
Take notes in your lab notebook and look at the lab report guidelines, so you know what data to
collect.
Equipment set-up
Figure 4.8 shows how the equipment is set up for this lab. Notice that the stimulator and SIU are
driving the LED light. The intensity of light is controlled by the dial on the LED driver, not the Volts dial
on the stimulator (that just triggers the LED). The duration of light, though, will be controlled by the
settings on the stimulator.

Figure 4.8 Equipment set-up for Drosophila larval intracellular recordings
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Start with these initial settings:
Oscilloscope: EXT TRIG on, 0.1V/DIV and 20ms/DIV
Stimulator
Stim rate = 0.5 Hz (you can increase this when you check electrode resistance)
Delay = 5 ms
Duration 10 ms (1 X10)
Volts = 100 V (10 X10SIU)
SIU at 0.1 multiplier
LED driver: Switch on Trig, intensity turned all the way up for now (dial to the right)
Impaling the muscle (B. Spontaneous activity)
1. Dissect a larva that was on retinal food (don’t use the controls anymore). Keep the brain in this
dissection.
2. While the dissection is being prepared, get an electrode in the holder and check its resistance as
you learned in the previous section.
3. Make sure the electrode manipulator is centered in the middle of all of its ranges, except for the
direction of the electrode, which is in the furthest back position. Make sure you can see the electrode
tip and optical fiber in the microscope.
4. Place the dissected larva under the microscope on the air table with the head facing away from
you, and focus on the muscles at highest magnification. Now zoom all the way out.
5. Position the microelectrode in the bath and close to the larva. Check electrode resistance again.
Position the trace on the oscilloscope screen towards the top of the screen (this will be your “zero”
point).
You can also position the optical fiber directly over the ventral nerve cord (you can put it into the
liquid). If you flash blue light at the ventral nerve cord, you should see some of the muscles contract.
6. Look through the microscope and locate the microelectrode. Move it closer to the larva. Keep
changing the focus between the larva and electrode to make sure you don’t accidentally impale it yet.
7. Zoom in all the way into a region of the larva with healthy looking muscles (they should be
transparent). Ideally, you want to aim for the large vertical muscles near the midline (Fig 4.2C), so try
to bring your electrode right above these muscles.
8. Make sure someone is watching the oscilloscope screen as you use the fine knob on the
manipulator (Fig 4.7A) to impale the muscle with the electrode. When the electrode touches the
muscle, you should see the trace on the oscilloscope start to jump and become unsteady. Keep
slowly turning the fine knob until the trace decreases in voltage and stays at a steady value.
This is the membrane potential of the muscle. Make note of the value (remember to divide by 10).
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Ideally, the membrane potential should be between -40-80 mV. The more negative the value, the
healthier the muscle. If the membrane potential dropped less than -20 mV, you will likely need to try
piercing another muscle.
You might find that the membrane becomes unsteady, but you keep advancing the electrode and
you never get a steady negative membrane potential. In this case, you should take the electrode out,
check the resistance and then try another muscle. If you keep on advancing the electrode forward,
you will go straight through the larva, hit the dissection pad and break the tip of the electrode.
If you do break the electrode, just get another and try again on the same dissection. A good
dissection can last 30-60 minutes. Eventually the muscles will start becoming opaque, which
indicates the prep has died and you need to do another dissection.
9. Assuming you get a good membrane potential, you might be seeing spontaneous activity now.
When the brain is still attached, it activates the motor neurons, which release glutamate onto the
muscle you are recording from. Try to take a photo of spontaneous activity. Remember that you can
do this more easily by changing the oscilloscope trigger mode to SGL, turn on STORE, and then
press the RESET button multiple times until you get an image you like. Or use the SAVE CH1 button
to do the same thing.
What is the average amplitude of the EJPs?
10. Increase the amount of time on the x-axis (make SEC/DIV bigger) and estimate the average
frequency of the spontaneous activity.
11. Can you see any cases of temporal summation, when two EJPs occur in rapid succession, so
the two EJP amplitudes summate?
12. Try stimulating the muscle with blue light (turn on the output of the stimulator). Make sure the Stim
Rate is 0.5 Hz (or lower). You should see an EJP always appearing in the same location in the trace
(as opposed to the spontaneous activity).
If you do not see a response to the blue light, try increasing the duration of the light pulse. If you still
do not see a response, call over an instructor to take a look. It’s possible your larva didn’t eat enough
of the retinal, so you may need to use a different larva.
If there is too much activity, you should take out the electrode and take the dissection back to your
dissection scope to cut out the brain. Once you have looked at spontaneous activity, you can work
with larvae without brains in the future. Sometimes, though, it is nice to see spontaneous activity first,
so you know everything is working properly.
13. One more thing you can investigate regarding spontaneous activity is to look at differences
between different muscles. The muscles are innervated by different motor neurons that have different
firing properties (Choi et al., 2003, J Neurophys).
If you are able to clearly identify which muscle your electrode is in, then you can try looking at
average frequency of spontaneous activity in different muscles within the same hemisegment (the
same segment on the same side of the larva). It might be hard to see if there are differences in EJP
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amplitude since that will depend on the membrane potential and the health of the muscles, but you
can see if there are any noticeable differences between firing patterns. Two of the easier muscles to
impale are muscle 4 and 6 (Fig 4.9).
In general, you should do your best to keep track of which muscle you are recording from for all the
experiments.
B. Results for lab report (notes in lab notebook)
- Image of spontaneous activity showing temporal summation
- Average amplitude and frequency of spontaneous EJPs
- If you were able to, include your data and observations of differences between different muscles
- How is an EJP different than an action potential? Why don’t the larvae need to have action
potentials in their muscles (like mammals do)?
- What causes the spontaneous activity?

A

B

4

6

Figure 4.9 (A) Image of dissected larva with one
hemisegment highlighted. (B) Diagram of motor neurons
and muscles in one hemisegment (same orientation as A).
Muscle 4 and 6 have been labeled. You can see that these
two muscles are innervated by different motor neurons.
(From Kohsaka et al., 2012, Dev Growth Differ)

VNC
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You can do any of the following experiments when you have a larva that shows a consistent light
response.
C. Strength-duration relationship
In Lab 2 you studied how stimulation strength and duration affect the generation of an action
potential. This was using an electrical extracellular stimulus. In this lab, you can investigate the same
thing, but this time you will see how the light intensity and duration affects the generation of EJPs.
14. Start at the highest LED intensity (the dial on the LED driver). Since there aren’t numbers on
the dial, we will pretend that each black line represents a whole number (as in Fig 4.10). Set the
LED intensity to “6” and decrease the duration on the stimulator until you reach the threshold for
stimulating a EJP. Write down the intensity and duration values.
15. Turn the LED intensity to “5” and turn up the duration until you just reach the threshold. Write
down these numbers.
16. Continue to collect intensity and duration values to reach threshold for stimulation. You may need
to use half numbers for the intensity, because you won’t likely be able to stimulate the nerve at low
values.
Figure 4.10 LED Driver with intensity
values arbitrarily numbered.

17. Turn up the intensity and turn down the duration. Gradually increase the duration and observe
what happens at very long durations. You should see that you start to stimulate more than one EJP.
This is another way to see temporal summation. Take an image of the EJPs when you stimulated with
a long duration.

C. Results for lab report (notes in lab notebook)
- Image of muscle response to a long duration. Label any cases of temporal summation.
- Make a table of light intensity vs duration and graph the results.
- Explain what exactly is happening to the motor neurons when the light is below threshold compared
to when the light is above the threshold.
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D. Synaptic plasticity
Synaptic plasticity occurs when a synapse changes strength in response to certain patterns of firing
activity. This can occur over a long time (i.e. long term potentiation) or for just a few seconds to
minutes (short-term plasticity). For an extensive review of short-term synaptic plasticity see Zucker
and Regehr (2002, Annu Rev Physiol). We can look at a couple of forms of short-term plasticity at
the Drosophila NMJ.
Paired-pulse facilitation
When two action potentials occur with a short delay in the motor neuron, the second action potential
can result in a larger EJP in the muscle. This form of short-term plasticity is called paired-pulse
facilitation (PPF). The main cause of PPF is thought to be residual Ca+2 in the presynaptic bouton
from influx through calcium channels during the first action potential. In other words, the calcium
that caused vesicle release during the first stimulus is still present when the second action potential
occurs, so more neurotransmitter will be released. It has actually been shown at the Drosophila NMJ
that PPF increases the probability of release from multiple active zones within the axon (Peled and
Isacoff, 2010, Nat Neuro).
Paired-pulse facilitation occurs at low extracellular Ca+2 concentrations. At higher concentrations,
paired-pulse depression occurs instead, which is when the second EJP has decreased amplitude
compared to the first EJP. Short-term depression is thought to be caused by depletion of vesicles
in the ready releasable pool during the first stimulus. There will be more calcium influx during the
first stimulus because of the higher extracellular concentration, so more vesicles will be released
during the first stimulus. The second stimulus occurs before the vesicles can be replenished from
the reserve pool or endocytosis. We are doing our experiments at 0.8 mM Ca+2, which is close to the
concentration when it switches from facilitation to depression, so you might see either (Renger et al.,
2000, J Neuro, see Fig 6). We will have recording solution available at a lower Ca+2 concentration (0.4
mM) if you want to try that, but the EJP amplitudes will be a lot smaller.
18. Look for paired-pulse facilitation in a muscle that shows a robust response at a low stimulus
duration. You will not be able to do this experiment if you need to use durations higher than 20 ms.
Switch the stimulator to TWIN pulse and change the delay, which is now the interval between stimuli.
19. Measure the amplitude of EJP1 and EJP2 for different time intervals. At some point, the two
EJPs may be on top of each other, leading to temporal summation, so you will have to estimate the
amplitude of EJP2 by subtracting off the extrapolated EJP1 decay. This is shown in Fig 4.11.
Figure 4.11 (A) An example
of paired-pulse facilitation at
40 ms interval. They fit the
repolarization of EJP1 with an
exponential curve to estimate
the baseline for EJP2. You can
do this by hand and measure
the amplitude of EJP2 from its
peak to the curving baseline.
(B) Student data of EJP2/
EJP1 amplitude compared
to stimulation interval. (From
Pulver at al., 2011, Adv Phys
Edu)
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Post-tetanic potentiation
After a high frequency stimulation (10 Hz) that causes tetanus in the muscle, the EJPs are larger and
stay that way for several minutes. This type of plasticity is known as post-tetanic potentiation (PTP).
The molecular mechanism of PTP is still under investigation, but it involves presynaptic cAMP, which
enhances vesicle release (Griffith and Budnik, 2006, Int Rev Neurobiol). Similar to facilitation, PTP
occurs more at lower Ca+2 concentrations, so you can try this experiment at 0.8 mM or 0.4 mM.
20. Record the amplitude of 5 EJPs stimulated at 0.1 Hz.
21. Stimulate the motor neuron at 10 Hz for 10 seconds. Don’t try to record the responses during
this period. It is possible this high frequency stimulation will cause the electrode to come out of the
muscle. When you are done stimulating, try to gently put the electrode back into the muscle.
22. After the tetanus, switch back to 0.1 Hz and measure the amplitude of 5 EJPs. Try this again 2
minutes later to see if the EJPs return back to the original pre-tetanic amplitude. Continue recording
EJP amplitudes periodically until the EJP amplitude returns to baseline.
Assuming you observe PTP, try doing the tetanus for different lengths of time. How does that affect
the post-tetanic EJP amplitude and how long it takes to return to baseline (i.e. the recovery time)?
You could also try different frequencies to induce tetanus (but keep the total stimulation time the
same).
Are there differences in PTP between different muscles? If you are able to direct your electrode to
specific muscles, then try looking at differences between muscle 4 and 6 in the same segment (or any
other muscles you can easily target) (Fig 4.9).
D. Results for lab report (notes in lab notebook)
Include whatever you were able to get for this section. Here are some suggestions:
Paired-pulse facilitation
- Image of PPF (or depression)
- Graph of EJP2/EJP1 amplitude vs interval time
- If you did this experiment at two different Ca+2 concentrations, then include that
- Discuss your results and what causes PPF (or depression).
Post-tetanic potentiation
- Graph EJP amplitude vs time (before and after tetanus). You might want to normalize EJP amplitude
to the average of the first 5 EJPs.
- You could also graph post-tetanic potentiation (EJP after/EJP before) vs length of tetanus or
frequency of stimulation.
- Or graph the recovery time vs length of tetanus stimulation.
- If you looked at differences between muscles, then include that.
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E. Modulation of synaptic transmission by pharmacological agent
As you learned earlier, cAMP is important for post-tetanic potentiation. In fact, the cAMP pathway is
involved in many forms of synaptic plasticity including long-term potentiation in mammalian synapses.
In Drosophila, mutants with decreased cAMP signaling have impaired memory, demonstrating a link
between synaptic plasticity and learning/memory. We can use a pharmacological drug to enhance
cAMP formation in neurons and test if that has an effect on EJPs (Cheung et al., 2005, J Neurobiol).
Forskolin is a molecule originally isolated from the Indian Coleus plant that acts as an activator of
adenylate cyclase, the enzyme that makes cAMP.
23. At the end of your dissection, use a pipetman to add a known amount of recording solution (try
500μL or do more if you want, but just write down how much you use).
23. Impale a muscle as usual and record 5 EJPs (at 0.1 Hz) to get an average amplitude.
24. Carefully add 300 μM forskolin to the bath. We want the end concentration in the bath to be about
30 μM forskolin, so add 1/10 the total bath volume (so 50 μL if you started with 500 μL recording
solution). This won’t result in exactly 30 uM, but it’s good enough.
25. Wait about 5 minutes for the forskolin to have an effect, then record 5 more EJPs. Was there an
effect?
E. Results for lab report (notes in lab notebook)
- An image of EJP before and after forskolin treatment
- Look up some papers and describe one way cAMP may be enhancing synaptic transmission
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VII. Lab report guidelines
Everyone needs to write their own typed individual lab report. If your group was not able to get all of
the data, please borrow data from other lab groups or from your GSI. Explicitly state at the start of
your lab report who you borrowed data from. If no one in your class was able to get data for one of
the experiments, then that will not be a requirement for the lab report. We will let you know if you can
skip any of the requirements.
Your lab report should be in paragraph format (complete sentences, not bullet points) with headings:
Introduction, Results/Discussion (label each experiment section A, B, C, etc), Conclusions,
References. Note that for this lab report you are combining discussion of the results with the results
from each experiment. This makes sense for this lab since there were so many different experiments.
Follow the guidelines listed below. You do not need to have more than what is here in the guidelines.
Your GSI needs to read and grade all of these, so please don’t write incredibly long lab reports.
Proofread your report before turning it in.
1. Title your lab report describing the experiments (something besides “Lab 4 report”).
2. Introduction: Write 2-3 paragraphs of introduction to the experiment.
Describe the Drosophila neuromuscular junction, like its structure and functional properties. Briefly
describe the experimental set-up and how you stimulated the motor neurons. Briefly describe the
experiments you conducted and any background information like about synaptic plasticity.
Some of this information is in the lab manual and lecture slides, but make sure to rephrase in your
own words. Look up other information and make sure to cite your references (use Neuron formatting
and include a full reference list at the end). Some suggested references are at the end of these
guidelines, but you do not have to use these. Feel free to look up other related articles. You must
include new information from at least one journal article (that was not covered in the lab manual or
lecture).
3. Results/Discussion of results: Include all the results that you were asked to collect during lab.
For each figure or table, include an appropriate label and figure legend. Include labels of the axes
(how many secs/div and volts/div). Include information about the stimulation set-up in the legend
(duration, intensity, etc).
For each experiment, explain the main results and include a brief discussion, answering the questions
below (1-2 paragraphs for each experiment listed below). Please label each section with the correct
letter for that experiment (A, B, C...)
As a reminder, here’s the data you need:
A. Table and graph of behavior quantified. Explain the results -- why did blue light cause that specific
behavior?
B. Image of spontaneous activity showing temporal summation (label it, so we know you know
where it is in the image). Average amplitude and frequency of spontaneous EJPs. If you have data
comparing different muscles, then include it (but it is not required). Explain what an EJP is and what
causes the spontaneous activity.
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C. Image of muscle response to long duration (label any examples of temporal summation). Explain
why long duration stimuli cause this response. Graph of light intensity vs light duration. Explain what
happens to the motor neurons when the light is below the threshold compared to light above the
threshold.
D. Include whatever results you got for plasticity (paired-pulse results and post-tetanic potentiation).
Look in the lab for suggestions for what to include. Explain what causes paired-pulse facilitation/
depression and post-tetanic potentiation.
E. Image of EJP before and after addition of forskolin. Explain how forskolin causes enhancement of
synaptic transmission (include references).
4. Conclusions: Write 1-2 paragraphs of conclusions and future directions. Summarize your main
findings. Which experiments were the most interesting to you? What part of the lab did you have the
hardest time with and how could you improve your results in the future. Explain one or two follow-up
experiments you could do with this experimental set-up.
5. Reference list: Include the full citation of the sources you cited in your lab report (see the next
page for some suggestions). Use the Neuron citation format, described in the Library Guide on
bCourses. We suggest you use a citation manager like RefWorks. Please use in-text citations (last
name first author, year).
General grading rubric (60 pts total)
1 pt: Title
8 pts: Introduction
40 pts: Each experiment (A-E) is worth 8 points (5 experiments x 8 points = 40 points)
4 points for required data, images and/or graphs (remember to include titles and legends)
4 points for explaining data and answering required questions
5 pts: Conclusion
2 pts: Reference list and appropriate citation in text
4 pts: Style (clear writing, easy to follow, well organized)
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